


















processive	GHs	 in	biomass-degrading	enzyme	cocktails.	Here,	we	describe	 recent	 advances	 towards	 the	development	of	 a	
molecular-level	theory	of	processivity	for	cellulolytic	and	chitinolytic	enzymes,	including	the	development	of	novel	methods	
for	measuring	rates	of	key	steps	in	processive	action	and	insights	gained	from	structural	and	computational	studies.	Overall,	




components	of	plant,	 fungal,	 and	algal	 cell	walls.	Microorganisms	have	evolved	 suites	of	 enzymatic	machinery	 to	degrade	
these	 polysaccharides	 to	 soluble	 units	 for	 food	 and	 energy.	 These	 enzyme	 cocktails	 are	 primarily	 composed	 of	 various	
glycoside	 hydrolases	 (GHs)	 with	 synergistic	 functions	 to	 efficiently	 cleave	 the	 glycosidic	 linkages	 [1,2].	 More	 recently,	
additional	enzymatic	functions	beyond	the	canonical	GH	enzyme	battery	have	been	discovered	including	oxidative	enzymes	
that	 selectively	 cleave	 glycosidic	 bonds	 [3-7].	 GH	 cocktails	 contain	 enzymes	 typically	 delineated	 into	 two	 broadly	 defined	
classes:	 cellobiohydrolases	 (CBHs)	 and	 endoglucanases	 (EGs)	 for	 cellulose	 depolymerization,	 or	 chitobiohydrolases	 and	
endochitinases	for	chitin	depolymerization.	EGs	are	thought	to	randomly	hydrolyze	glycosidic	linkages	primarily	in	amorphous	








structural,	 and	 modeling	 approaches	 for	 several	 illustrative	 GH	 families.	 In	 particular,	 we	 focus	 on	 developments	 in	 GH	
families	 for	 which	 substantial	 work	 has	 been	 conducted	 including	 GH	 Family	 7	 and	 6,	 both	 of	 which	 are	 common	 fungal	
cellulolytic	enzymes	that	depolymerize	cellulose	from	the	reducing	and	non-reducing	ends,	respectively.	These	systems,	along	





‘apparent	 processivity’.	 The	 formal	mathematical	 definition	 of	 apparent	 processivity	 is	 the	 number	 of	 catalytic	 events	 an	
enzyme	performs	divided	by	 the	 number	 of	 times	 the	 enzyme	 initiates	 a	 processive	 run,	 i.e.	 acquires	 a	 chain	 end	 [12]**.	




processivity	 across	 experiments	 conducted	 under	 the	 same	 or	 nearly	 similar	 conditions.	 However,	 given	 the	 variety	 of	
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methods	 developed	 for	 measuring	 this	 quantity	 and	 the	 numerous	 possible	 variations	 in	 conditions	 and	 substrates,	
comparison	of	apparent	processivity	across	studies	is	often	not	straightforward.	
An	alternative	definition	of	degree	of	processivity	has	emerged	describing	the	theoretical	potential	 for	processive	ability	of	
GHs,	or	 ‘intrinsic	processivity’	 [12**,14**].	 Intrinsic	processivity	 is	primarily	 formulated	 in	probabilistic	 terms	and	was	 first	
developed	to	describe	the	processive	mechanism	of	nucleic	acid	polymerases	[15].	McClure	and	Chow	defined	steady-state	
polymerase	 processivity	 as	 a	 distribution	 of	 probabilities	 defining	 the	 likelihood	 that	 the	 polymerase,	 upon	 catalysis,	 will	
translocate	forward	rather	than	dissociate	from	the	newly	formed	strand.	Later,	Lucius	et	al.	extended	this	probability-based	
definition	to	a	kinetic	description	of	helicase	action	[16].	Kurašin	and	Väljamäe	further	extended	applicability	of	this	definition	
to	 processive	 GHs,	 approximating	 intrinsic	 processivity	 as	 the	 catalytic	 rate	 constant,	 kcat,	 divided	 by	 dissociation	 rate	
constant,	 koff	 [14]**,	 which	 assumes	 that	 for	 processive	 enzymes,	 the	 probability	 of	 dissociation	 from	 the	 substrate	 is	
exceedingly	low.	Using	a	mathematical	formalism,	one	can	consider	intrinsic	processivity	as	the	limit	of	apparent	processivity	
as	the	polymeric	substrate	approaches	ideality.	This	definition	of	processivity	is	potentially	advantageous	in	the	development	




undertaken	 to	 understand	 how	 their	 enzymatic	 cycles	 occur	 at	 the	molecular	 level,	 including	 biophysical	 measurements,	
structural	 biology	 efforts,	 and	 various	 types	 of	modeling.	 Currently,	 several	 standard	 approaches	 for	measuring	 apparent	
processivity	 have	 been	 described,	 most	 of	 which	 capitalize	 on	 the	 consistent	 nature	 of	 a	 processive	 GH	 product	 profile.	
During	a	processive	cycle,	GHs	primarily	produce	disaccharides	of	cellulose	or	chitin	(cellobiose	or	chitobiose),	with	relatively	
few	odd-numbered	saccharides	 [17],	and	 thus,	an	efficient	approach	 to	measure	apparent	processivity	 for	a	given	enzyme	
acting	on	cellulose	or	chitin	 is	 to	measure	 the	 ratio	of	disaccharide	units	produced	 to	 the	sum	of	mono-	and	 trisaccharide	
units.	 This	 measurement	 technique	 is	 readily	 conducted	 using	 standard	 chromatographic	 methods	 [18,19].	 However,	
assumptions	regarding	the	initial	binding	mode,	and	thus	the	initial	product	profile,	as	well	as	the	presence	of	intermediate	
products	longer	than	dimers,	can	lead	to	misinterpretation	or	overestimation	of	processivity	values	[20*,21].		
A	 second	 method	 for	 measuring	 GH	 processivity	 involves	 simultaneously	 determining	 the	 ratio	 of	 soluble	 to	 insoluble	
reducing	 ends	 [22-26].	 Processive	 GHs	 produce	 significantly	 higher	 quantities	 of	 soluble	 reducing	 ends	 compared	 to	 non-
processive	GHs	because	they	primarily	liberate	soluble	products.	To	determine	the	ratio	of	soluble	to	insoluble	reducing	ends,	
the	 supernatant	 and	 substrate	 are	 separately	 assayed	 for	 reducing	 ends	 using	 somewhat	 standard	 analytical	methods.	 As	
with	 the	product	 ratio	method	described	above,	 this	measurement	 technique	also	requires	assumptions	regarding	enzyme	
mechanisms	 that	 may	 bias	 interpretation	 of	 the	 results.	 Exo-glycosidases,	 as	 well	 as	 a	 potential	 preference	 of	 endo-
glycosidases	for	more	easily	accessible	chain	ends,	yield	soluble	reducing	ends	without	processive	action.	Furthermore,	this	
method	 is	 particularly	 sensitive	 to	 the	 type	of	 substrate	used	 [27],	where	 an	 abundance	of	 available	 free	 chain	 ends	may	
result	in	unusually	high	values	of	soluble	reducing	ends	from	non-processive	enzymes.		
Recently,	new	 techniques	based	on	substrate	 labeling	have	been	developed	 to	overcome	 the	 limitations	presented	by	 the	
more	traditional	approaches	to	measure	processivity.	One	method,	termed	the	single-hit	approach,	again	makes	use	of	the	
fact	that	processive	enzymes	produce	more	soluble	than	insoluble	reducing	ends.	In	this	method,	the	insoluble	reducing	end	
fraction	 is	 more	 accurately	 quantified	 through	 fluorescence-based	 labeling	 of	 reduced	 cellulose	 [14**,28,29].	 Released	
soluble	 reducing	ends	 represent	 the	number	of	 catalytic	events,	 and	when	 reduced	cellulose	 is	used	as	 the	 substrate,	 the	
insoluble	reducing	ends	encompass	the	number	of	initiation	events.	The	fluorescent	labeling	of	insoluble	reducing	groups	in	




A	 second	 label-based	 method,	 termed	 the	 single-turnover	 approach,	 uses	 14C-labeled	 cellulose	 to	 quantify	 apparent	
processivity	of	cellulases	[12]**.	This	analysis	technique	is	designed	to	allow	the	cellulases	to	begin	a	processive	run	on	the	
14C-labeled	cellulose	[29],	but	an	excess	of	fluorescently	labeled,	‘trap’	substrate	is	subsequently	added	after	a	short	period	to	
prevent	 unbound	 cellulases	 from	 continuing	 to	 attack	 the	 14C-labeled	 substrate.	 The	 radioactivity	 of	 the	 supernatant,	
combined	with	the	concentration	of	trapped	enzymes	[30]	allows	determination	of	apparent	processivity	and	the	rate	of	a	
processive	 run.	 As	with	 the	 single-hit	 approach,	 the	 single-turnover	 approach	 is	 currently	 limited	 to	 reducing-end	 specific	
cellulases	 by	 virtue	 of	 the	 need	 to	 use	 fluorescent-labeled	 reporter	 molecules,	 such	 as	 methylumbelliferyl	 lactoside	 to	
quantify	the	population	of	trapped	cellulases	[30].	
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The	 development	 of	 these	 more	 accurate	 substrate	 labeling-based	 techniques	 has	 had	 a	 significant	 impact	 on	 our	
understanding	 of	 GH	 processivity.	 A	 primary	 finding	 from	 this	 work	 was	 that	 dissociation	 rate,	 koff,	 of	 the	 CBH	 from	 the	
substrate	is	potentially	the	key	rate-limiting	factor	in	processive	turnover	of	cellulose	by	Family	7	GHs,	whereas	catalytic	rate	
constants	within	the	same	GH	family	were	nearly	constant	[14**,30].	Additionally,	it	was	shown	that	the	Trichoderma	reesei	
Family	 7	 CBH	 (Cel7A)	 was	 able	 to	 perform	 an	 average	 of	 ~61	 cuts	 per	 chain	 initiation	 event	 whereas	 the	 more	 open	
Phanerochaete	chrysosporium	Family	7	CBH	(Cel7D)	performs	approximately	52	cuts	(measured	as	apparent	processivity	on	
crystalline	bacterial	cellulose)	[14]**.	However,	the	koff	of	P.	chrysosporium	Cel7D	is	approximately	4	times	that	of	T.	reesei	
Cel7A,	 and	with	 similar	 kcat	values,	 this	 results	 in	 an	 intrinsic	 processivity	 approximately	 4	 times	 as	 high	 in	 T.	 reesei	Cel7A	
relative	to	P.	chrysosporium	Cel7D.	The	vast	difference	in	intrinsic	and	apparent	processivity	suggest	that	GH	Family	7	CBHs	












This	 method	 is	 able	 to	 measure	 several	 aspects	 of	 processivity	 at	 high	 temporal	 resolution	 and	 at	 very	 low	 cellobiose	
concentrations	[32]*.	Coupling	these	measurements	on	Family	7	CBH	action	to	mass-action	kinetic	models,	they	determined	
that	T.	reesei	Cel7A	conducts	approximately	four	hydrolytic	reactions	per	second	on	an	insoluble	substrate	and	that	the	off-
rate	 was	 the	 rate-limiting	 step,	 both	 findings	 are	 in	 agreement	 with	 results	 from	 Kurašin	 and	 Väljamäe	 described	 above	





Processivity	 in	 Family	 18	 chitinases,	 with	 their	 unique	 substrate-assisted	 catalytic	mechanism	 [34,35],	 can	 be	more	 easily	
quantified	with	chitosan-based	methods	of	detection.	Processive	chitinase	action	on	chitosan	(partially-deacetylated	chitin)	
produces	a	product	profile	dominated	by	even-numbered	oligomers	which	 results	 from	the	 requirement	 for	an	acetamido	
group	in	the	-1	subsite	enabling	productive	binding	[36].	Processive	chitinases	proceed	forward	until	an	acetamido	group	in	







Cellulase	 processivity	 has	 also	 been	 examined	 using	 a	 novel	 high-speed	 atomic	 force	 microscopy	 (HS-AFM)	 method	 that	
enables	nanoscale	spatial	resolution	with	sub-second	temporal	resolution	in	pioneering	work	from	Igarashi	et	al.	[13**,39].	
This	approach	to	understanding	processivity	is	unique	in	its	direct	visualization	of	enzyme	action	on	polymeric	substrates	and	
has	 resulted	 in	 some	 revelatory	observations	 regarding	cellulase	processivity.	Namely,	 Igarashi	et	al.	demonstrated	 that	T.	
reesei	 Cel7A	 is	 able	 to	 translate	 along	 the	 cellulose	 surface	 at	 a	 rate	 of	 ~7	 nm/s	 during	 processive	 action,	 which	 is	 in	
agreement	with	the	results	from	Kurašin	and	Väljamäe	[14**]	and	Cruys-Bagger	et	al.	[32]*.	Igarashi	et	al.	also	found	that	the	
enzymes	eventually	became	‘jammed’	or	stalled	during	cellulose	hydrolysis,	presumably	due	to	surface	heterogeneity.	This	




In	 summary,	 each	 of	 the	 above-described	 methods	 quantifies	 apparent	 processivity	 and	 includes	 contributions	 from	 the	





Though	 the	 processive	 mechanism	 of	 GHs	 has	 been	 extensively	 studied	 by	 both	 biochemical	 and	 structural	 studies	
[8,13**,14**,18,30,32,33,37,39,41-50],	 the	 direct	 connection	 of	 structure	 to	 processive	 function	 beyond	 the	 broad	
topological	 	 categorizations	 remains	 unclear.	 We	 recently	 described	 the	 hypothesized	 elementary	 steps	 involved	 in	 the	
catalytic	 cycle	 of	 a	 processive	 GH	 as	 a	 free	 energy	 profile	 along	 the	 enzymatic	 reaction	 coordinate	 [51].	 The	 sum	 of	 the	
individual	steps	–	surface	binding,	substrate	recognition,	initial	loading	of	the	polymer	chain	into	the	catalytic	tunnel,	and	the	
processive	catalytic	cycle	–	must	be	energetically	favorable	overall.	Here,	we	further	suggest	that	the	free	energy	of	binding	









Recent	 structural	 studies	 in	 which	 we	 examined	 key	 dynamical	 properties	 using	 complementary	 molecular	 dynamics	
simulations	 suggest	 hallmarks	 exist	 that	 may	 be	 associated	 with	 processive	 ability	 [47*,52,53].	 In	 Serratia	 marcescens	
chitinases,	we	found	that	ligand	fluctuations	and	solvation	as	well	as	fluctuation	of	the	localized	catalytic	residues	correlated	
well	with	previously	measured	values	of	apparent	processivity	between	endochitinases	and	chitobiohydrolases	[47]*.	In	our	




qualitatively	 highlighted	 the	 potential	 contributions	 of	 enzyme	 dynamics	 to	 processive	 ability.	 The	 free	 energy	 of	 ligand	
binding	 quantitatively	 captures	 these	molecular-level	 details	 and	 relating	 this	 term	 to	 processivity	 represents	 a	 potential	
protocol	 for	 predicting	 relative	 processive	 ability.	 Robust,	 enhanced	 sampling	 free	 energy	 methods	 capable	 of	 treating	
flexible	carbohydrate	ligands	are	required	for	calculating	binding	free	energy	[54,55].	In	GHs	from	the	same	family,	a	relative	
comparison	of	the	calculated	binding	free	energy	could	provide	a	good	‘first-pass’	at	screening	modified	processivity	variants.	




‘exo’	or	 ‘endo’	mode.	Exo-mode	 initiation	 is	 thought	 to	occur	 from	the	entrance	of	 the	active	site	 tunnel	 in	CBHs	where	a	
chain	 is	 threaded	 from	 the	 entrance	 site	 through	 the	 tunnel	 to	 form	 a	Michaelis	 complex	 and	 initiate	 a	 processive	 cycle.	
Aromatic	residues	at	the	entrances	of	tunnels	in	GH7	CBHs	have	been	shown	to	be	directly	involved	in	exo-mode	initiation	by	
molecular	dynamics	 simulations	and	 indirectly	 in	biochemical	experiments	 [58,59].	The	 importance	of	aromatic	 residues	 in	
exo-mode	 initiation	 was	 originally	 inferred	 by	 mutating	 the	 entrance	 tryptophan	 residue	 in	 the	 T.	 reesei	 Cel6A	 CBH.	
Specifically,	Koivula	et	al.	demonstrated	 that	Trp272	was	 important	 for	activity	against	 crystalline	cellulose	by	mutation	 to	
alanine,	which	 did	 not	 adversely	 affect	 activity	 on	 amorphous	 cellulose,	 but	 dramatically	 reduced	 activity	 on	 a	 crystalline	















related	 enzyme	 cocktails,	 multiple	 structures	 have	 been	 solved	 to	 date	 with	 various	 stages	 of	 ligand	 complexation.	 The	
substrate-binding	sites	in	GH7	cellulases	are	characterized	from	the	non-reducing	end	at	the	-7	subsite	to	the	reducing	end	at	
the	+2	subsite.	Most	 solved	structures	 indicate	 relatively	high	uniformity	 in	 substrate	binding	 in	 the	 -7	 to	 -3	sites,	and	 the	
majority	of	the	significant	differences	are	found	in	the	-2	and	-1	and	product	sites	(+1/+2).	GH	Family	7	enzymes	are	known	to	
employ	two-step	retaining	mechanisms	that	consist	of	the	formation	of	a	glycosyl-enzyme	intermediate	(GEI)	[60-62].	From	
the	 structural	diversity	 in	 the	 -2	 to	+2	 subsites,	we	propose	 that	 the	processive	cycle	of	a	GH7	CBH	proceeds	as	 shown	 in	
Figure	 2.	 Starting	 from	 the	 top	 left	 frame	 of	 Figure	 2,	 a	 cellulose	 chain	 first	 slides	 through	 the	 binding	 tunnel	 (or	 more	
precisely,	the	enzyme	slides	along	a	cellulose	chain).	After	sliding,	there	is	sufficient	room	in	the	enzyme	active	site	tunnel	for	
the	cellulose	chain	to	 fill	all	nine	binding	subsites	 in	 the	stable	chair	conformation	 (Figure	2,	top	right	 frame).	We	propose	




The	product	binding	sites	 (+1/+2)	are	occupied	 in	the	so-called	 ‘Slide’	mode	 in	this	structure	[63].	This	conformation	 is	not	
active	for	hydrolysis,	as	the	distance	from	the	-1	anomeric	carbon	to	the	nucleophile	is	7.1	Å.	Before	the	chemical	steps	may	
proceed,	the	-1	glucosyl	 residue	must	be	 ‘activated’	by	rotating	nearly	90°	along	the	axis	of	 the	cellulose	chain,	 translating	
towards	 the	 nucleophile,	 and	 assuming	 a	 distorted	 non-chair	 configuration.	 This	 ring	 distortion	 allows	 the	 catalytic	
nucleophile	access	to	the	anomeric	carbon	reaction	center	and	results	in	the	Michaelis	complex.	Although	no	crystal	structure	









the	 tunnel	 exit	 (seen	 in	 PDB	 structures	 3CEL,	 1Z3T,	 1Z3V,	 and	 exemplified	 by	 the	 3CEL	 structure	 in	 Figure	 2,	bottom	 left)	
[63,71];	 this	movement	creates	space	 for	a	water	molecule	 (the	nucleophile	of	 the	Deglycosylation	step)	 to	move	 into	 the	
active	site	in	between	the	two	chemical	steps	[63].	The	‘priming’	thus	refers	to	the	preparation	of	the	cellobiose	product	and	
the	nucleophilic	water	 for	 the	Deglycosylation	 reaction.	Graphical	 depictions	of	 the	Koshland	mechanism	of	 retaining	GHs	







secretomes	 after	 reducing-end-specific	 CBHs.	 Similar	 to	 GH	 Family	 7	 CBHs,	 many	 crystallographic	 snapshots	 have	 been	
captured,	particularly	of	T.	reesei,	Humicola	insolens,	and	Thermobifida	fusca	GH6	enzymes,	which	enable	construction	of	a	
hypothesized	 processive	 cycle.	 GH	 Family	 6	 CBHs	 employ	 a	 single	 step,	 inverting	 mechanism	 [74]	 and	 exhibit	 at	 least	 6	
binding	 subsites	 from	+4	 to	 -2.	The	catalytic	base	 is	 thought	 to	be	a	 conserved	aspartate	 residue	 that	 is	 connected	 to	 the	










complex,	 partially	 exemplified	 e.g.,	 by	 the	 1QJW	 [67]	 and	 4AVO	 [76]	 structures	 (Figure	 3,	 bottom	 right).	 The	 ‘active’	
conformation	 for	 the	 catalytic	 acid	 (D221	 in	T.	 reesei	Cel6A)	 is	 taken	 from	PDB	 structure	 1HGW	 [77].	 From	 the	Michaelis	
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complex,	 the	 hydrolytic	 reaction	 occurs	 to	 form	 the	 Substrate-Product	 complex	 with	 an	 a-cellobiose	 as	 the	 product,	 as	
modeled	in	a	recent	study	[76].	In	various	structures	with	the	catalytic	center	loop	in	both	the	’open’	and	‘closed’	positions,	
the	 catalytic	 acid	 and	 putative	 catalytic	 base	 have	 been	 observed	 to	 form	 a	 direct	 hydrogen	 bond,	 perhaps	 suggesting	 a	
mechanism	by	which	proton	transfer	can	occur	directly	from	the	catalytic	base	after	the	reaction	back	to	the	catalytic	acid	to	
reset	 the	 enzyme	 during	 the	 processive	 cycle.	 However,	 this	 hypothesis	 remains	 untested,	 and	 proton	 transfer	 can	 also	
readily	occur	through	water	molecules.	
	Interestingly,	 the	 primary	 difference	 between	 the	GH6	 and	GH7	 proposed	 processivity	mechanisms	 center	 around	which	
portion	of	the	enzyme-substrate	complex	must	undergo	conformational	changes.	Namely,	structural	data	seem	to	imply	that	





Many	 cellulose	 and	 chitin-degrading	 enzymes	 are	 multi-modular,	 typically	 combining	 binding	 function	 via	 carbohydrate-
binding	modules	(CBMs)	with	catalytic	function	in	the	GH	domain,	connected	by	linker	domains	of	varying	lengths.	In	fungi,	
multi-modular	enzymes	exhibit	linkers	with	significant	O-glycosylation.	Recently,	it	was	shown	that	linkers	between	GH6	and	
GH7	 enzymes	 from	 fungi	 are	 of	 significantly	 different	 length	 (~50%	 different	 on	 average)	 [78].	 Interestingly,	 it	 was	 also	
predicted	 from	MD	 simulation	 and	 confirmed	 experimentally	 that	 fungal	 cellulase	 linkers	 add	 directly	 to	 enzyme	 binding	
affinity	 in	 a	 dynamic,	 non-specific	 way	 [79].	 As	mentioned	 above,	 Igarashi	 et	 al.	 have	 conducted	 HS-AFM	measurements	
wherein	they	showed	that	GH7	CBHs	from	T.	reesei	are	able	to	process	on	the	cellulose	substrate	at	a	rate	of	7	nm/s	[13]**	
and	that	the	catalytic	domain	alone	without	a	CBM	and	linker	is	able	to	translate	at	the	same	speed	as	a	fully	intact	enzyme.	
This	 suggests	 that	 the	 Cel7A	 linker	 does	 not	 have	 a	 significant	 effect	 on	 the	 processive	 cycle.	 However,	 in	 the	 HS-AFM	
experiments,	 GH6	 enzymes	 seemingly	 did	 not	 translate	 significantly	 on	 the	 surface	 of	 the	 substrate	when	 incubated	with	









biology	 tools	 in	 concert	 with	 computational	 approaches	 are	 especially	 well-suited	 to	 study	 the	 hypothesized	 processivity	
mechanisms	 shown	 here,	 including	 free	 energy	 calculations	 and	 path	 sampling	 approaches	 [51].	 Taken	 together,	 these	
approaches	 will	 help	 fully	 uncover	 the	 roles	 of	 enzyme	 architecture,	 composition,	 and	 dynamics	 enabling	 carbohydrate	
processivity.	
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Cruys-Bagger	 et	 al.	 delineate	 a	 pre-steady	 state	 regime	 in	 cellulase	 kinetics	 and	 quantify	 the	 steady-state	 apparent	






A	 straightforward,	 generalized	 kinetic	 model	 for	 processive	 enzymes	 requiring	 only	 standard	 experimentally	 measurable	
parameters	is	reported	in	this	study.	Though	simplifying	assumptions	are	made	for	extensibility,	the	authors	demonstrate	the	
model’s	applicability	 in	both	comparing	kinetics	and	critically	evaluating	the	more	detailed	mechanistic	kinetics.	 In	applying	
the	 steady-state	 kinetic	 model	 to	 available	 cellulase	 data,	 Cruys-Bagger	 et	 al.	 illustrate	 their	 model	 suggests	 substrate	






authors	 report	 the	 successful	 generation	 of	 a	 library	 containing	 51	 chimeras	 demonstrating	 improved	 thermal	 tolerance.	
Additionally,	 the	 improved	 thermal	 stability	 does	 not	 appear	 to	 come	 at	 the	 cost	 of	 abolishing	 activity	 with	 86%	 of	 the	





The	 synergistic	 kinetics	 of	 the	 processive	 Trichoderma	 longibrachiatum	 cellobiohydrolase	 I	 and	 Talaromyces	 emersonii	
endoglucanase	II	were	examined	on	bacterial	microcrystalline	cellulose.	Kinetic	rate	parameters,	from	Michaelis-Menten	fits	
















‘traffic	 jams’	where	 the	 forward	motion	of	 the	enzyme	 is	 slowed	presumably	by	 substrate	heterogeneities.	 	Addition	of	T.	
reesei	Cel6A	alleviates	these	obstacles	and	dramatically	improves	hydrolytic	turnover	through	synergistic	action.	
	
**Kurašin	M,	 Väljamäe	 P:	Processivity	 of	 Cellobiohydrolases	 Is	 Limited	 by	 the	 Substrate.	 Journal	 of	 Biological	 Chemistry	
2011,	286:169-177.	
A	new	method	 for	determining	apparent	processivity	 in	 reducing-end	 specific	 cellobiohydrolases	 is	 reported.	 	 The	authors	
make	use	of	a	clever	substrate-labeling	technique	to	accurately	represent	the	number	of	insoluble	reducing	groups	generated	












chrysosporium	 Cel7D	 lending	 the	 enzyme	 its	 characteristic	 fold	 and	 processive	 ability,	 key	 structural	 differences	 exist	
suggesting	H.	 irregulare	may	be	 less	processive	 than	T.	 reesei	Cel7A	but	more	processive	 than	P.	 chrysosporium	 Cel7D.	H.	
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irregulare	Cel7A	 exhibits	 a	 unique	 tyrosine	 residue	 at	 the	 entrance	 of	 the	 active	 site	 that	 effectively	 forms	 an	 additional	
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Figure	 2.	 Structural	 evidence	 suggests	 that	 the	processive	 catalytic	 cycle	of	 a	GH	Family	7	 cellobiohydrolase	 consists	of	 at	
least	6	steps:	1)	the	starting	configuration	with	product	sites	initially	vacant	(top	left	frame),	2)	processing	of	a	cellulose	chain	
across	 the	 active	 site	 (top	 right,	 showing	 the	 5CEL	 substrate	 in	 green	 and	 the	 7CEL	 -3	 sugar	 in	 blue	 for	 reference),	 3)	
rotation/translation	of	the	cellulose	chain	and	distortion	of	the	-1	sugar	ring,	producing	the	Michaelis	complex	(lower	right,	








least	 four	 steps,	 which	 involve	 conformational	 changes	 in	 the	 catalytic	 center	 loop	 highlighted	 in	 blue:	 1)	 the	 starting	
configuration	with	product	(-1/-2)	subsites	initially	vacant	(top	left	frame),	2)	processing	of	a	cellulose	chain	across	the	active	
site	to	‘Slide’	mode	(top	right,	showing	the	4AVO	substrate	in	green	and	the	1QK2	enzyme	in	gray),	3)	closing	of	the	catalytic	
center	 loop	wherein	 the	Michaelis	 complex	 is	 formed	 (lower	 right,	 4AVO	substrate	 in	 green,	 the	 catalytic	 acid	 is	 from	 the	




residue),	 Asp175	 (middle	 residue	 near	 the	 catalytic	 acid),	 Ser181	 (residue	 on	 the	 catalytic	 center	 loop	 that	 stabilizes	 the	
catalytic	 water	when	 the	 loop	 is	 closed),	 and	 Asp401	 backbone	 atoms	 (stabilization	 residue	 for	 catalytic	 water	when	 the	
catalytic	center	loop	is	closed,	far	right).	(B)	The	‘open’	and	‘closed’	forms	of	the	enzyme	based	on	the	catalytic	center	loop.	
When	the	catalytic	center	loop	is	closed	in	the	Michaelis	complex,	Ser181	and	Asp401	stabilize	the	nucleophilic	water	and	the	
putative	water	wire	for	proton	transfer	during	the	inverting	hydrolysis	mechanism.	
	
